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a b s t r a c t
The permeabilized condition of the cell membrane after electroporation can last minutes but the underlying mechanisms remain elusive. Previous studies suggest that lipid peroxidation could be responsible
for the lasting leaky state of the membrane. The present study aims to link oxidation within the plasma
membrane of live cells to permeabilization by electric pulses. We have introduced a method for the
detection of oxidation by ratiometric fluorescence measurements of BODIPY-C11 dye using total internal
reflection fluorescence (TIRF) microscopy, limiting the signal to the cell membrane. CHO-K1 cells were
cultured on glass coverslips coated with an electroconductive indium tin oxide (ITO) layer, which enabled
electroporation with micro- and submicrosecond pulses. No oxidation was observed with the electric
field directed towards the ITO (cathode), even at field strengths much higher than that needed for permeabilization. Oxidation was readily detectable with the opposite polarity of pulses, but with the threshold higher than the permeabilization threshold. Moreover, a decrease in the medium conductance had
opposite effects on permeabilization and lipid oxidation (it enhanced the former and suppressed the latter). We conclude that lipid oxidation can indeed occur at the plasma membrane after electric pulses, but
it is not the cause of lasting membrane permeabilization.
Ó 2019 The Authors. Published by Elsevier B.V. This is an open access article under the CC BY-NC-ND
license (http://creativecommons.org/licenses/by-nc-nd/4.0/).

1. Introduction
The application of pulsed electric fields (PEFs) can lead to the
formation of transient pores in lipid bilayers and, consequently,
to increased permeability to certain compounds. This phenomenon, known as electropermeabilization, has many applications in biotechnology and medicine as it allows for the
intracellular transfer of macromolecules such as cytostatic drugs
[1–5] and DNA [3,6–8]. However, mechanisms underlying this process are not fully understood. One of the unresolved puzzles is the
long-lasting membrane permeability observed in cells following
PEFs exposure. In experimental measurements, the membrane
remains permeabilized for minutes [9–11], whereas the lifetime
of electropores in molecular dynamics (MD) simulations is
nanoseconds [12–14]. Lipid peroxidation has been hypothesized
as a mechanism responsible for the prolonged permeability supported by experimental observations of changes in phospholipid
⇑ Corresponding author at: Department of Molecular and Cellular Biology,
Wroclaw Medical University, Borowska 211A, 50-556 Wroclaw, Poland.
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conformation after PEFs treatment [14–17]. Theoretical models
indicate that the oxidation of membrane components lowers the
energy barrier required for electropermeabilization [18,19]. Experimental studies have shown that the application of PEFs is associated with the extracellular [20] and intracellular production of
reactive oxygen species (ROS) [20–22]. Furthermore, the generation of ROS is not homogeneous over the cell surface but specific
to the electropermeabilized, peripheral part of the cell [23]. The
increased susceptibility to electropermeabilization of oxidized
model membranes together with PEFs-evoked oxidation measured
experimentally led to a hypothesis that oxidation can be a critical
mechanism of PEFs action [16]. Maccarrone et al. [17] proposed
that lipid peroxidation induced by electric pulses is associated with
greater membrane fluidity, hence the oxidation parallels the
enhanced membrane permeability. Here, we test the hypothesis
that oxidation is the cause of sustained membrane permeabilization after the exposure to pulsed electric fields. Contradictory to
this hypothesis, we demonstrate no causal relationship between
lipid oxidation and electropermeabilization.
Lipid peroxidation is a consequence of oxidative stress and can
have a significant impact on cell physiology. Oxidation of polyun-

https://doi.org/10.1016/j.bioelechem.2019.107433
1567-5394/Ó 2019 The Authors. Published by Elsevier B.V.
This is an open access article under the CC BY-NC-ND license (http://creativecommons.org/licenses/by-nc-nd/4.0/).
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saturated fatty acids (PUFA) can lead to the decreased membrane
fluidity, increased membrane permeability and inactivation of
receptors and proteins, including transporters [24]. Three different
approaches are used to detect oxidative stress in cells: (1) measurement of ROS (2) detection of oxidatively damaged molecules,
and (3) analysis of cellular antioxidant defense systems. Methods
to directly measure ROS include the detection of superoxide anion
(O
2 ) (such as nitroblue tetrazolium reduction assay or cytochrome
C reduction assay), detection of hydroxyl radical (e.g. deoxyribose
degradation assay and aromatic hydroxylation assay), detection
of
singlet
oxygen
(via
chemiluminescence,
paranitrosodimethylaniline bleaching method, iodide method), or the
electron paramagnetic resonance (EPR) spin trapping, which is
considered the most accurate method for free radicals’ tracking
[25–27]. Disadvantages of direct ROS measurements are low specificity and short half-life of radicals as well as the action of antioxidant systems. Therefore, it is preferred to detect oxidation via
measurement of its secondary products such as malondialdehyde,
4-hydroxynonenal, isoprostanes, lipid-protein adducts or DNA
damage [26,28–30]. Although detected products are more stable
than free radicals, these methods are also limited by low specificity
and often require cell fixation or extraction of their components for
the more accurate measurement via chromatography or mass
spectrometry [31]. However, the recent development of
microscope-based methods has enabled observation of oxidation
in live cells and organisms [32]. These include ratiometric measurements with fluorescent probes such as C11-BODIPY(581/591)
which is described in detail below. Another approach is to assess
activation of the antioxidant defense mechanisms protecting biological systems from oxidative damage. This applies mainly to
direct-acting enzymes such as glutathione peroxidase, superoxide
dismutase, or catalase [33–35] but may also include lowmolecular-weight antioxidants like glutathione or vitamins
[34,36,37]. The aforementioned techniques provide information
on general oxidative stress in living cells, but rarely allow for the
precise tracking of oxidation process at subcellular levels.
C11-BODIPY(581/591) is a fluorescent fatty acid analog in
which phenyl moiety is connected to a 4,4-difluoro-4-bora-3a,4adiaza-s-indacene (difluoroboron dipyrromethene, BODIPY, BP) core
through a conjugated diene [38]. BODIPY probes have characteristics useful for live cell imaging including low sensitivity to environmental changes, excitation and emission in the visible spectral
range, high fluorescence quantum yield, narrow emission bandwidth, and lipophilic character enabling the penetration of biological membranes [38,39]. BODIPY probes can be modified for
specific tasks by the addition of residues in appropriate positions
of the BODIPY core – as it is in the case of C11-BODIPY(581/591)
where the attachment of the phenyl moiety shifts the fluorescence
emission peak from green to red and makes it sensitive to oxidation [38,40]. Unfortunately, the mechanism by which oxidation
acts on BP dye remains unclear. There is abundant evidence that
BP oxidation is not caused by the initiators of the lipid peroxidation
but rather by a variety of oxy-radicals and peroxynitrate [38,41],
and that different products may be formed depending on the oxidant used [42]. Another controversy relates to C11-BODIPY
(581/591) sensitivity to oxidation. Several studies concluded that
C11-BODIPY(581/591) is a valuable tool to quantify lipid oxidation
in biomembranes [38,42–44]. However, mass spectrometry analysis has suggested that C11-BODIPY(581/591) has higher susceptibility to oxidative damage than 1-stearoyl-2-arachidonyl-snglycero-3-phosphocholine (SAPC) and therefore underreports the
antioxidant effect of a-tocopherol [45]. Moreover, the probe exhibits an antioxidant effect by itself [45]. Pap et al. [46] identified
several pitfalls of applying BODIPY for quantification of oxidant
activities and effectiveness of antioxidants, namely probe leakage
after long incubation, quenching and excimer formation at high

mole fractions, photooxidation by high intensity excitation light,
and heterogeneous distribution within the sample.
Up to now, heterogeneous distribution of the dye within cells
precluded the use of C11-BODIPY(581/591) for tracking the plasma
membrane lipid oxidation, as the collected signal came from both
external and internal membranes. In order to overcome this
limitation, we decided to employ a technique which restricts the
excitation to cell plasma membrane and thereby increases the
signal-to-noise ratio. Total internal reflection fluorescence (TIRF)
microscopy restricts detection of fluorescence to a thin 90–
150 nm region at the interface between a glass coverslip and medium. For a comprehensive review of theoretical principles and
rational for its application in biological studies, readers are referred
to Mattheyses [47] and Axelrod [48,49]. In brief, this technique is
based on the adjusting the excitation light to the ‘‘critical angle”,
totally reflecting all of the excitation light away from the sample,
but creating an evanescent wave at the interface, capable of exciting fluorophores within 100 nm above the glass surface. By creating an evanescent wave with a very short propogation distance
TIRF imaging enables thinner optical slicing and better separation
of the signal from the cell membrane than confocal microscopy
[47]. TIRF microscopy has been successfully employed in studies
on focal adhesions [50], cytoskeleton [51–53], calcium channels
[54], granulation and exocytosis [55–57]. Furthermore, rapid
acquisition achievable with TIRF enabled tracking of dynamic morphological changes in protein-coated emulsion particles [58] and
nanoscale imaging of domains in supported lipid membranes
[59]. Overall, TIRF microscopy has become a powerful tool for
studying dynamic processes at the cell surface. In the present
study, we combined TIRF technology with C11-BODIPY(581/591)
fluorescent staining in order to observe plasma membrane lipid
oxidation following the delivery of electric pulses.
2. Material and methods
2.1. Cell culture
Experiments were performed in a CHO-K1 cell line from a Chinese hamster ovary (ATCC, Manassas, VA). Cell culture was maintained in a CO2 incubator at 37 °C in Ham’s F-12 K medium
supplemented with L-glutamine (Corning, Christiansburg, VA)
with the addition of 10% fetal bovine serum (Atlanta Biologicals,
Norcross, GA) and antibiotics: 100 IU/ml penicillin, and 0.1 mg/
ml streptomycin (Gibco, Gaithersburgh, MD). For experiments,
cells were detached with 0.25% trypsin-EDTA (Gibco), resuspended
in the growth medium, and seeded at ~0.5  104 cells in glassbottomed 35 mm Petri dishes (MatTek, City, State). We utilized
both standard dishes with Poly-D-Lysine-coated glass (cat. #
P35GC-1.0–14-C) and dishes with a transparent electroconductive
indium-tin oxide (ITO) layer on the top of the glass. Custom dishes
were fabricated by MatTek using 15 mm diameter glass coverslips
covered with ITO to the sheet resistance of 8–12 Ohm/sq by Diamond Coatings Ltd. (Halesowen, UK). The ITO surface was coated
with poly-L-lysine (Sigma-Aldrich, St. Louis, MO) to improve cell
adherence. Biocompatibility of the ITO-coated glass coverslips
has been demonstrated in our previous studies on nsPEFs [60,61].
2.2. Reagents and staining protocols
BODIPYTM 581/591 C11 (BP) was purchased from ThermoFisher
Scientific (Middletown, VA) as part of the Image-iTÒ Lipid Peroxidation Kit. The optimal staining time was chosen based on experiments comparing signal measured from the membrane (in the
TIRF mode) to signal measured from whole cell illumination (in
the widefield mode). The concentration of BP used for staining
was 5 mM in all protocols.
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Cumene hydroperoxide (CH-OOH) at concentrations of 25–
100 mM was used to examine the dye’s oxidation in TIRF mode
compared to widefield epifluorescence. Staining and incubation
with the oxidizer were performed at 37 °C. For optimization of a
method we tested various oxidation protocols: (A) Cells were incubated with BP and complete culture medium (CCM) with CH-OOH
for 5 min; (B) Cells were incubated for 1 h with CH-OOH in CCM,
then washed 3 times with PBS buffer and incubated for 5 min with
BP in CCM; (C) Cells were incubated with CH-OOH for 1 h, then BP
was added to the solution to a final concentration of 5 mM; and (D)
5 mM BP were incubated in a cell-free CCM with 100 mM CH-OOH
for 1.5 h, then diluted with CCM to a final concentration of 5 mM BP
and 0.1 mM CH-OOH. Cells were stained with the diluted solution
for 5 min. Each protocol ended with 3 PBS washes and addition
of the appropriate solution (Tyrode solution or for some experiments a low conductivity solution) for measurements.
All dye uptake and oxidation measurements were performed in
a standard Tyrode’s solution composed of (in mM): 140 NaCl, 5.4
KCl, 2 CaCl2, 1.5 MgCl2, 10 dextrose, and 10 HEPES; pH 7.3,
~300 mOsm/kg, conductivity 15 mS/cm. All chemicals were purchased from Sigma–Aldrich (St. Louis, MO) unless noted otherwise.
In some experiments, we used a low-conductance solution (conductivity 1.3 mS/cm) prepared by mixing 1 part of Tyrode’s solution with 9 parts of isosmotic sucrose solution in water.
1 mM YO-PRO-1 (Life Technologies, Grand Island, NY) and 5 mM
CalbryteTM 520 AM (AAT Bioquest, Inc., Sunnyvale, CA) were used to
determine cell permeability. Poorly permeant YO-PRO-1 was present in the solution surrounding adherent cells at the time of pulse
application. As dye fluorescence increases after binding to DNA
[62], the fluorescence signal was detected only from electropermeabilized cells. CalbryteTM 520 AM is a cell-permeable calcium indicator. Cells were loaded with the dye for 25 min at room
temperature in the dark and washed 3 times with PBS. Next, cells
were treated with PEFs in Tyrode’s solution containing 2 mM Ca2+
ions. CalbryteTM 520 emitted bright fluorescence when cytosolic
levels of free Ca2+ increased. CHO-K1 cells do not express any
voltage-gated Ca2+ channels, and therefore cytosolic Ca2+ increase
serves as a sensitive marker of cell membrane electropermeabilization [63–65].

tion with the conductivity of 1.4 S/m and relative permittivity of 76
to model the medium used in experiments. The set-up described
(Fig. 1A) was surrounded by a 6 mm diameter sphere of air.
A tetrahedral mesh chosen to discretize the domain of simulation resulted in a mesh element minimum size of 9 mm, a maximum size of 210 mm, and a total of 364,408 elements. Quadratic
elements were used throughout the solution domain, giving
493,259 degrees of freedom. The electric field was calculated
applying 1 V to the rod electrode, while the ITO surface was
grounded. Fig. 1B. shows the electric field distribution calculated
in the xy plane above the ITO surface as well as the region of interest (ROI). The mean intensity of the electric field in the ROI was
0.048 kV/cm and its coefficient of variation was 9%, showing a high
homogeneity of the electric field distribution. The application of
1 V to the ITO surface while the rod electrode was grounded did
not change the results in terms of electric field distribution. However, the electric field lines had, as expected, the opposite direction
(data not shown).
Single, trapezoidal 300 ns pulses of 2.4–24 kV/cm were delivered to cells with a custom made generator [69] driven by a BNC
Model 577 digital delay generator and charged from a high voltage
power supply (Bertan Associates, Model 215). The delay generator
was used either for the delay generation when nsPEFs were applied
or as a pulse generator for msPEFs application. 100 ms pulses of electric field strength ranging from 0.24 to 0.72 kV/cm were delivered
as a single pulse or train of 8 pulses with 5 kHz frequency. In the
last case, the maximum adiabatic heating for the highest amplitude did not exceed 1.5 °C.
Pulse shape and amplitude were monitored using a 100 MHz
oscilloscope (DSO-5102P, Hantek, Qingdao, China) and a voltage
probe (PP-80, Hantek). Axon Digidata 1550B board and pClamp
10 software (Molecular Devices, San Jose, CA) were used to control
and synchronize image acquisition and pulse delivery. Start of the
image acquisition, pulse repetition rate, and time of pulse delivery
were all programmed in pClamp. Metamorph software v.
7.10.2.240 (Molecular Devices) was used to set the sequence of
acquisition.

2.3. PEFs exposure methods and protocols

Our IX83 microscope was equipped with a cell TIRF MITICO unit
(Olympus), PlanApo N 60x/1.45 oil TIRF objective (Olympus), Orca
Flash 4.0 V.3 sCMOS camera (Hamamatsu, Bridgewater, NJ), and
488 nm and 561 nm excitation lasers (both 100 mW; Coherent,
Santa Clara, CA).
Calbryte (a cytosolic Ca2+ indicator) and YO-PRO-1 (cellimpermeable nucleic acid stain) fluorescence was measured in
widefield mode, excitation with a 488 nm laser, using a FITC cube
and EGFP clean-up filter with center wavelength at 470/40 nm
(model 49002, Chroma Technology, Bellows Falls, VT). Time lapse
imaging was triggered 4–20 s before the exposure and continued
for 100–300 s. Calbryte data were normalized to frames obtained
prior to exposure and YO-PRO-1 data were corrected by background subtraction.
Fluorescence of C11-BODIPY was measured in both widefield
and TIRF modes. All electropermeabilization experiments were
imaged using the TIRF mode, which was controlled by the Olympus
CellTIRF 1.4 software. Oxidized dye was excited with the 488 nm
laser and fluorescence was detected using the FITC cube and
470/40 clean-up filter, similarly to YO-PRO-1 and Calbryte. Nonoxidized dye was excited with the 561 nm laser using a TX Red
cube and a 560/40 nm clean-up filter (model 49008, Chroma).
The degree of oxidation (DO) of BODIPY dye was determined as a
percent difference of the oxidized dye fluorescence intensity
(F488/525) to the total fluorescence defined as the sum of the oxidized and reduced dye fluorescence (F561/605)::

A Petri dish with cells on the ITO coverslip was filled with either
Tyrode’s solution or low conductivity medium and placed in a
holder on a motorized stage of an Olympus IX83 inverted microscope (Olympus America, Center Valley, PA). A selected target cell
or a compact group of cells was brought to the center of the field of
view. A tungsten rod electrode (100 mm diameter) was positioned
above the target cells, precisely 100 mm above the coverslip and at
35° to the horizontal plane, by means of a robotic micromanipulator (model MPC-200, Sutter Instrument, Novato, CA). The bare tip
of an otherwise insulated flexible silver wire was brought in contact with the ITO layer at a random spot remote from target cells.
The wire and the rod were connected to a chosen PEFs source to
deliver a vertical electric fields to target cells (Fig. 1A).
The electric field (E) distribution was calculated with COMSOL
Multyphysics, Release 5.0 (COMSOL Inc., Stockholm, Sweden) in
quasi-static conditions with the Electric Currents interface, similarly to what was previously described [66,67]. A tungsten rod
electrode (100 mm diameter, 1 mm height with conductivity
18.94  106 S/m) was placed at an angle of 35° at 100 mm above
glass coverslip. The coverslip was modeled as a dielectric cylinder
of 4 mm diameter, 100 mm thickness with conductivity 0 S/m and
relative permittivity of 3.78. The top side of the glass coverslip was
simulated with conductivity of 1.3 MS/m to mimic the electric
characteristics of ITO [68]. The electrodes were immersed in a solu-

2.4. Widefield and TIRF fluorescence imaging
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Fig. 1. Electrode arrangement to expose the cell membrane adherent to the coverslip. (A) A schematic of the experimental set-up. (B) Electric field distribution in the xy plane
(z = 0 mm) parallel to the ITO surface. A region of interest (ROI) (140  90 mm) shows a high electric field intensity (0.048 kVcm1 for 1 V applied), as well as good homogeneity
(see text).

DO ¼

F488=525
F561=605 þ F488=525

ð1Þ

Emission signals were separated by Lambda 10–2 filter wheel
(Sutter Instrument) switching between 605/52 nm and
525/36 nm emission filters synchronously with alternating activation of 561 and 488 nm lasers, respectively. The lasers were operated at 1% (561 nm) and 10% (488 nm) of full power; the exposure
time at each wavelength was 23 ms. The multiwave acquisition
cycle was controlled by Metamorph software triggered by a
pClamp protocol. Two images were collected per time-point –
one from the 561 nm channel and one from the 488 nm channel
(with the exact order of acquisition). In each experiment data were
collected at three time-points: 4 s before, 1 s after, and 6 s after
pulse delivery resulting in 6 total images from each experiment.
Data were analyzed after background subtraction for each channel
(488 and 561 nm) separately.
Fluorescence intensity was quantified with the Fiji package of
ImageJ software [70]. Images acquired with a DIC prism were used
to mark regions of interest and transposed to fluorescence images.
Numerical data were analyzed and presented with Microsoft
Excel and GraphPad Prism 7 (La Jolla, CA). All experiments were
replicated 3–5 times in a minimum of three separate sets of experiments. The results are presented as a mean +/- standard error (s.
e.). Statistical analyses were performed using a two-tailed t-test
or one-way ANOVA followed by Dunnett’s multiple comparisons
test, with p < 0.05 considered statistically significant.

3. Results
3.1. C11-BODIPY581/591 staining
In classic epifluorescence (referred to as ‘‘widefield”) the laser
beam penetrates the sample exciting all fluorochromes within
the focal volume. It has been demonstrated that C11-BODIPY
(581/591) is distributed heterogeneously throughout the cell
membranes, with predominant staining in the perinuclear region
and mitochondria [38]. Consequently, the fluorescence changes
measured in widefield mode cannot be attributed to plasma membrane alone. TIRF microscopy overcomes this by restricting the
excitation region to thin (tens of nanometers) layer enabling observation of processes at the plasma membrane. In the present study,
we tested different staining times – we incubated cells with C11BODIPY for 5, 15 or 30 min at 37 °C and compared the fluorescent

signal obtained in widefield mode to TIRF mode. Five minute incubation appeared to be suitable labeling time, allowing for the visualization of membranes in both widefield and in TIRF mode (Fig. 2).
We evaluated the influence of labeling time on the emission
from the membrane (FTIRF) and the emission from the whole cell
(FWF). We observed that a shorter incubation time yielded more
dye in the plasma membrane as compared to the whole cell
(Table 1).
3.2. C11-BODIPY581/591 oxidation
It has been demonstrated that conjugated diene connecting the
phenyl moiety with the BODIPY core is a target for free radicalmediated oxidation [42]. However, data on the response of BODIPY
to different oxidative systems within living cells are contradictory
[38,40–42,71]. Here, we tested various protocols to establish a positive control for BODIPY-C11 oxidation. For initiation of oxidation
process in cells we used 50 mM cumene hydroperoxide (CH-OOH)
– compound known to induce a lipid peroxidation [72,73]. We
examined if the time of incubation with CH-OOH influence the oxidation of the BODIPY and if the oxidizer needs to be present in the
cell solution during staining.
Compared to cells incubated for 1 h with a complete culture
medium (Fig. 3A), a short 5-minute incubation with 50 mM CHOOH did not increase BODIPY oxidation (Fig. 3B). We concluded
that for such a short time and sublethal CH-OOH dosage, lipid peroxidation is either countered by cell antioxidant systems or C11BODIPY is not sensitive enough to detect such a minor oxidation.
Furthermore, we examined if endogenous ROS production
affects the degree of BP oxidation. For that purpose, we extended
time of incubation with the oxidizer, but removed the oxidizer
prior to BODIPY staining. Another approach for endogenous ROS
generation was depriving cells of fetal bovine serum, which is
known to mitigate induced oxidative stress [51,52]. Incubation
for 1 h followed by cell wash and staining did not increase the
degree of BP oxidation (Fig. 3C). On the other hand, we detected
slightly higher oxidation in cells treated with FBS-free solution
but only in the TIRF mode (Fig. S1).
Finally, when cells were incubated for 1 h with 50 mM CH-OOH
and BP was added to this solution without a wash increased degree
of BP oxidation was observed in both widefield and TIRF mode
(Fig. 3D).
Once we determined conditions that caused C11-BODIPY oxidation we tested its sensitivity to various concentrations of cumene
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Fig. 2. Representative images of CHO-K1 cells stained for 5 min with C11-BODIPY, as recorded with differential interference contrast (DIC), classic epifluorescence (widefield)
and total internal reflection fluorescence (TIRF) miscroscopy at the penetration depth of 100 nm. The scale bar is 50 mm.

Table 1
The influence of the staining time on the relative fluorescence of C11-BODIPY, as
measured in widefield (WF) and in TIRF mode. FTIRF/ FWF is the ratio between
fluorescence emission in TIRF and WF mode for each excitation wavelength. Shorter
incubation results in a better accumulation of BODIPY in the plasma membrane
(reflected by a higher FTIRF/FWF ratio).
561 nm

5 min
15 min
30 min

488 nm

FTIRF

FWF

FTIRF/FWF

FTIRF

FWF

FTIRF/FWF

3323
3209
3731

10,989
10,572
23,464

0.30
0.30
0.16

2447
2115
2869

4371
4737
9254

0.56
0.45
0.31

Fig 4. The degree of oxidation of C11-BODIPY in cells incubated with cumene
hydroperoxide (CH-OOH) at concentrations of (in mM): 0 (A), 25 (B), 50 (C) and 100
(D). Emission was measured in widefield mode (WF) or in TIRF mode. The number
of examined cells is provided at the bottom of each bar. One-way ANOVA with
Dunnet’s corrections was used for comparison between Control and CH-OOHtreated groups (**p  0.01; ***p  0.001) and between WF and TIRF modes (#
p  0.01).

Fig. 3. The degree of oxidation of BODIPY-C11 probe (BP) following different
oxidation protocols as measured with widefield (WF) and TIRF microscopy. (A)
Control cells incubated with a complete medium, then BP was added to the solution
for 5 min; (B) Cells incubated simultaneously with cumene hydroperoxide (CHOOH) and BP for 5 min; (C) Cells incubated for 1 h with CH-OOH, then washed and
stained with BP solution for 5 min; (D) Cells incubated for 1 h with CH-OOH then BP
was added to solution for 5 min. The number of examined cells is provided at the
bottom of each bar. One-way ANOVA with Dunnet’s corrections was used for
comparison between Control and CH-OOH-treated groups (*p  0.05).

hydroperoxide. The degree of BP oxidation was positively correlated with CH-OOH concentration as observed both in widefield
and in TIRF modes (Fig. 4). Regardless of the applied CH-OOH concentration, the degree of BP oxidation measured in TIRF mode was
higher than in widefield mode, however the difference was statistically significant only for 100 mM CH-OOH (t-test, # p  0.01).
Increase in BP fluorescence in TIRF mode can be explained by a
higher level of oxidation at the plasma membrane compared to
internal membranes.
To accurately determine oxidant activity in living cells, molecules reporting lipid peroxidation should respond to a variety of
reactive oxygen species, but remain insensitive to hydroperoxides
[38]. We examined if BODIPY oxidation can result from a direct

interaction between the dye and CH-OOH molecule. We incubated
BODIPY at 5 mM in cell-free solution with 100 mM CH-OOH for
90 min and then used for cell staining. Cells incubated with
50 mM CH-OOH treatment were used for positive control, as
described in the previous section.
As measured in TIRF mode, degree of BP oxidation was almost
identical for native (Fig. 5A) and CH-OOH pretreated dye
(Fig. 5C). The lack of BODIPY oxidation directly by CH-OOH (in
the absence of lipids) indicates that BODIPY probe truly reports
the oxidation of lipids rather than a direct effect of the oxidizer
on the dye.
3.3. Lack of oxidation at the cathode-facing portion of cell membrane
Having established the sensitivity of the dye to chemically
induced oxidation and a positive control, we exposed cells to PEFs
by placing them on an ITO coverslip under an electrode. In the first
experiment, the electric field was directed from the return electrode towards the ITO layer beneath the cells. TIRF mode was used
to image the cathode-facing portion of cell plasma membrane. We
applied single 300 ns pulses at up to 25 kV/cm. Images were taken
immediately before, at 1 s, 5 s and 10 s after pulse delivery. To evaluate longer durations, some recordings were made at 240 s after
pulse delivery. For the sham-exposed control, all procedures
remained the same, but pulse(s) were delivered at 0 kV/cm. The
permeabilization thresholds for YO-PRO-1 (<7 kV/cm; Fig. 6A,
n = 9–13 cells) and Ca2+ ions (<2.4 kV/cm; Fig. 6B, n = 9–17 cells)

6
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Fig. 5. C11-BODIPY detects membrane lipid oxidation but is insensitive to the
direct action of CH-OOH. The TIRF mode was used to measure oxidation in cells
incubated with a complete culture medium for 65 min (A), cells incubated for
60 min with 50 mM CH-OOH and further for 5 min with 5 mM BODIPY added to the
solution (to final 5 mM) (B) or in cells stained with 5 mM BODIPY incubated for
90 min with 100 mM CH-OOH prior to staining (C). The number of examined cells is
provided at the bottom of each bar. One-way ANOVA with Dunnet’s corrections was
used for comparison between Control and CH-OOH-treated groups (*** p  0.01).

did not correlate with the lipid oxidation, which was detected at
10 s after pulse delivery (Fig. 6C, n = 11–19 cells) only at high electric fields. Such high intensities of electric field caused severe blebbing, pyknosis, and cell granulation (data not shown). Within the
studied limits, we did not detect any oxidative response in the
cathode-facing membrane immediately after pulse delivery
(Fig. 6C) at any electric field intensity.
This result suggests that electropermeabilization was not
caused by lipid oxidation. However, changing the electric field
direction (making ITO anode) drastically changed the outcome of
measurements and enabled consistent detection of lipid oxidation
by pulses. Therefore, this configuration (imaging of anode-facing
membrane portion) was employed for all experiments detailed
below.

3.4. Lipid oxidation at anode-facing membrane side and YO-PRO-1 dye
uptake in a standard Tyrode’s solution.
When the electric field polarity was changed and ITO acted as
the positive electrode during pulses, we observed a statistically
significant (p < 0.001) lipid oxidation at 5 s of measurement (1 s
after electric pulse delivery) and its enhancement after next 5 s
(Fig. 7). Oxidation was caused by all three tested pulse modalities
but at different electric field strengths.
The threshold for oxidation was between 12 and 14.4 kV/cm
(one 300 ns pulse), between 0.48 and 0.6 kV/cm (one 200 ms pulse),
and between 0.24 and 0.36 kV/cm (eight 100 ms pulses at 5 kHz).
These electric fields treatments caused severe (300 ns) or moderate
(100 ms) morphological changes that developed within seconds
after the treatment (Fig. 7, insets) matching previously described
cytophysiological effects of membrane permeabilization and cell
damage by ultrashort electric pulses [60,74].
For a single 300 ns pulse, cell membrane permeabilization
threshold (measured by YO-PRO-1 uptake) was below 4.8 kV/cm
(Fig. 8A), which is much lower than required for lipid oxidation.
This result may indicate that permeabilization occurred without
oxidation, or that oxidation was just too weak to be detected. In
contrast, for pulses of 100 ms duration YO-PRO uptake thresholds
were close to those required for membrane oxidation, specifically

Fig. 6. Permeabilization of the cell membrane to YO-PRO-1 (A) and Ca2+ (B) is not
accompanied by the oxidation at the cathode-facing portion of the cell membrane
(C). Cells bathed in Tyrode’s solution were exposed to a single 300-ns pulse at the
indicated electric field strength at 20 s (A) or 10 s (B) into the experiment.
Permeabilization was detectable already in 10 s after a 4.8–12 kV/cm pulse (A) and
in 2 s after a 2.4–4.8 kV/cm pulse (B). However, no oxidation was detectable in 5 s
even at much higher electric field strengths, up to 24 kV/cm (C). A statistically
significant increase in the membrane oxidation (** p  0.01; *** p  0.001) occurred
only in 10 s after the pulse and at the highest electric field strengths of 14.4 and
24 kV/cm.

0.48 kV/cm for a single pulse (Fig. 8B) and between 0.27 and
0.36 kV/cm for eight 100 ms pulses (Fig. 8C).
These experiments showed that lipid oxidation may indeed take
place shortly after PEFs application but did not test if it was the
cause of permeabilization. At first examination, the lack of oxidation at the cathode-facing side of the cell and PEFs-related dye
uptake at electric field levels below an observable oxidation
threshold point to the lack of causal relation. Lipid oxidation could
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Fig. 7. Oxidation of the plasma membrane by anodic electric pulses of different duration and intensity. The dye’s F488/(F561 + F488) emission ratio in each individual cell prior
to pulse delivery was taken as 100% and plotted as mean +/ s.e. Two-tailed student t-test was employed to identify statistically significant differences in oxidation
(*p  0.05; ***p  0.001 compared to 100%). Insets show representative DIC images of cells before and 10 s after the exposure at indicated field strength. Scale bars are 20 mm.

be a ‘‘byproduct” of electroporation, as a consequence of inevitable
electrochemical reactions at the anode, which may or may not
affect the degree of permeabilization but are not the cause of it.
To examine this possibility a series of experiments were performed
to compare YO-PRO-1 fluorescence to the degree of oxidation in a
reduced conductivity medium.
3.5. Decreasing medium conductivity enhances permeabilization but
inhibits lipid oxidation
It is well known that the yield of electrochemical reactions is
directly proportional to the current flowing through the medium

[75,76]. Hence, reduction of medium conductivity would reduce
current and consequently, if it is indeed a product of electrochemical reactions, reduce lipid oxidation. By extension, if permeabilization is caused by oxidation, permeabilization should also be
suppressed. Previous studies reported both stronger [77–79] and
weaker permeabilization [80] in lower-conductance medium,
hence we needed to test the effect of medium conductance on oxidation and permeabilization specifically for our exposure
conditions.
Fig. 9 shows that delivering electric pulses in a lowconductance medium significantly enhanced YO-PRO-1 uptake
for all tested pulse modalities (single 300 ns and 100 ms pulses
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Fig. 8. YO-PRO-1 uptake in cells bathed in Tyrode’s solution and exposed to a single
300 ns (A) or 100 ms pulse (B), or to eight 100 ms pulses at 5 kHz (C) at 20 s into the
experiment. Pulse was delivered to the anode-facing portion of cell membrane.
Images were acquired every 5 s in the widefield mode. Data were collected in 3–5
independent experiments (10–23 cells/group) and presented as mean ± s.e.; error
bars are shown in one direction only for clarity.

and trains of eight 100 ms pulses), with or without lowering the
electric field threshold. On the contrary, lipid oxidation was
strongly inhibited (as was expected for an electrochemical reaction
yield), and its threshold increased (Fig. 10). With 300 ns pulses, we
could not detect oxidation in a low-conductance solution within
the entire tested range of field strengths (Fig. 10A, B). Moreover,
without having any effect on lipid oxidation, pulse amplitudes
higher than required for increased permeabilization to YO-PRO
affected cell morphology, which was manifested by granulation,
pyknosis or even immediate destruction of the cell membrane
(Fig. S3).
The opposite effect of the solution conductivity on lipid oxidation and membrane permeabilization unequivocally proves that
there is no causal relation between these two processes, although

Fig. 9. Cell electropermeabilization to YO-PRO-1 is enhanced in a low-conductance
solution. YO-PRO-1 emission was measured in cells bathed in either 15 (━) or 1.3 (–
) mScm1 solution 130 s after the exposure to single 300 ns pulse (A), to one 100 ls
pulse (B), or to a 5 kHz train of eight 100 ls pulses (C). One-way ANOVA with
Dunnet’s corrections was employed to examine differences between media of
higher and lower conductance (*** p  0.001).

some impact of oxidation on the degree of permeabilization, membrane repair, and various downstream biological consequences of
permeabilization cannot be excluded.
3.6. The anode-facing membrane is indeed the site of permeabilization
by electric pulses
The conclusion that permeabilization is not caused by lipid oxidation might be erroneous if we measure oxidation at the lower
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Fig. 10. Lipid oxidation is suppressed in a low-conductance solution. Degree of oxidation of C-11 BODIPY was measured in cells 1 s (A) or 6 s (B) after pulse delivery. Cells
bathed in either 15 (━) or 1.3 (–) mScm1 solution were exposed to one 300 ns pulse, to one 100 ls pulse or to a 5 kHz train of eight 100 ls pulses. One-way ANOVA with
Dunnet’s corrections was employed to examine differences between media of higher and lower conductance (**p  0.005; *** p  0.001).

(anode-facing) membrane while permeabilization somehow
occurs exclusively at the top (cathode-facing) side of the membrane. While such selective permeabilization appears improbable,
it cannot be immediately ruled out either. The experiments with
YO-PRO-1 uptake (Figs. 8 and 9) provided no answer as to which
exact side of the cell membrane was permeabilized, thereby
requiring an additional experiment. We employed fast imaging of
subplasmalemmal Ca2+ increase at the lower site of the cell to
prove Ca2+ entry through the electropermeabilized lower membrane. Of note, CHO cells employed in this study express no
endogenous voltage-gated channels [63], hence electroporation is

only known pathway for fast Ca2+ entry after electric pulses
[64,65].
Cells were loaded with Calbryte Ca2+ indicator and imaged in
TIRF and widefield mode at 1 frame/s, starting 1 s before the pulse.
The acquisition of the second frame started simultaneously with
pulse delivery and continued for 23 ms. With 300 ns pulses, fast
Ca2+ increase was already observed at field intensity as low as
2.4 kV/cm (Fig. 11). Most importantly, in TIRF mode Ca2+ increase
was obvious already in the first frame after exposure, i.e., within
less than 23 ms after the pulse (Fig. 11, top row); and considering
the rolling shutter acquisition type of the employed sCMOS

Fig. 11. The increased uptake of Ca2+ ions as observed in TIRF (top row) and widefield (lower row) modes. Cells loaded with Calbryte Ca2+ indicator were exposed in Tyrode’s
solution to a single 300 ns, 2.4 kVcm1 pulse. Note the subplasmalemmal Ca2+ increased (TIRF mode) already at < 23 ms after the treatment. Scale bar is 20 mm.
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camera, the actual time interval after pulse was even smaller for
the upper part of the image. Such fast increase of subplasmalemmal Ca2+ provides evidence for electroporation of the lower membrane. This conclusion was further supported by the fact that the
overall increase in cytosolic Ca2+ (Fig. 11, bottom row) became
detectable later, consistently with prior observations that the
Ca2+ diffusion through cytosol takes tens of milliseconds [81].

4. Discussion
In the present study we did not observe oxidation at the
cathode-facing portion of cell membrane right after pulse delivery.
It cannot be excluded that C11-BODIPY is not sensitive enough to
detect slight lipid peroxidation. During optimization of staining
and oxidation protocols we did not see oxidation evoked by CHOOH removed prior to staining (so the dye was not in direct contact with CH-OOH but reacted to endogenously generated ROS).
This matches the results obtained by Sakharov et al. [71] in which
C11-BODIPY oxidation was barely visible in cells treated with
5 mM H2O2, washed and then stained. In another study the percentage of the oxidized algae cells exposed for 30 min to a mixture
of BODIPY and 5 mM H2O2 was comparable to those obtained in a
treatment in which the cells were exposed to H2O2, washed and
then stained [41]. The lack of BP oxidation in our experiment can
be explained by the application of different oxidizer with much
smaller, non-lethal doses (data not shown) that were not sufficient
for a prominent endogenous ROS generation or were immediately
countered by antioxidant systems within CHO-K1 cells. On the
other hand, degree of BP oxidation was detected when staining
was performed in a presence of 25 mM CH-OOH which did not
affect cell viability (data not shown). Moreover, FBS deprivation
also increased green fluorescence of BODIPY, indicating that BP
probe is indeed sensitive even to slight oxidation.
Anodic electric pulses enabled observation of C11-BODIPY oxidation. It may be argued if the presence of peroxidized lipids was
required for BODIPY oxidation. Drummen et al. [15] observed a
higher rate of BODIPY oxidation when increased amounts of
polyunsaturated fatty acids (PUFAs) were present in mixed small,
unilamellar vesicles (SUVs). The authors hypothesized that C11BODIPY581/591 is oxidized by chain-propagating species such as
peroxyl and alkoxyl species, and not only directly from the
oxidation-initiating species. However, further mass spectrometric
analysis revealed that C11-BODIPY incubation in ethanol solution
with 20 mM H2O2/250 mM CuSO4 for 48 h resulted in complete
probe oxidation giving emission spectra identical to oxidation with
20 mM AAPH or 20 mM MeO-AMVN [19]. On the other hand, Cheloni and Slaveykova (2013) noted similar oxidation in cells exposed
for 30 min to a mixture of 2.5 lM C11-BODIPY/5 mM H2O2 and in
cells exposed to the same concentration of H2O2, washed and then
stained [18]. These results, together with the lack of oxidation in
temperature-inactivated cells, led to the conclusion that C11BODIPY581/591 probe exhibits high stability in presence of peroxide
and responds specifically to lipid oxidation [18]. Our results show
that C11-BODIPY is stable in a solution of 100 lM cumene
hydroperoxide for at least 90 min. With such defined conditions,
C11-BODIPY581/591 was demonstrated to be an excellent reporter
for lipid oxidation as the fluorescence shift was visible only when
there was lipid oxidation evoked in cells. However, the direct influence of high electric field on C11-BODIPY oxidation cannot be
excluded.
It has been reported previously that the degree of BP oxidation
can be affected by high-intensity light [21]. We found that the
exposure of cells to laser excitation during sample focusing significantly affected the degree of BP oxidation observed (Fig. S2A). We
did not observe oxidation when brightfield illumination was used

for cells visualization. Therefore, to avoid focus-related bias we
used brightfield illumination with DIC for the focus prior to
acquisition.
Another limitation for C11-BODIPY oxidation analysis is photobleaching under high-intensity illumination [15]. We observed
considerable photobleaching for long laser exposures. For
millisecond-duration exposures, the photobleaching was minor
in both oxidized and non-oxidized samples but not identical,
therefore impacting the ratio (Fig. S2B). Our study was based on
short measurements (maximum 9 images per cell), thus the dye
instability was negligible. However, it should be considered and
corrected for when continuous measurements are conducted.
Conclusions in the present study were made based on the C11BODIPY oxidation measured right after pulse delivery. Occasionally, we also extended time between electropermeabilization and
BP imaging and observed oxidation minutes after anodic electric
pulses application (data not shown). Measurements made long
after pulse delivery may carry information on secondary effects
of electropermeabilization. Downstream effects of electropermeabilization can be diverse and affect cells on many levels starting
from membrane resealing and ending with perturbations in
cytoskeletal proteins [82]. They may also include PEFs-evoked
intracellular ROS release from mitochondria [20]. However, these
complex effects evoked by electropermeabilization are not the subject of present study and require a separate investigation. The
hypothesis that oxidation-evoked leaky state of the membrane is
required for electropermeabilization (see Introduction) is based
on the assumption that oxidation precedes electropermeabilization. Hence, oxidation should be visible even at the time of pulse
delivery and presumably at lower than electropermeabilization
thresholds.
Early studies on milli- and microsecond PEFs revealed that electropermeabilization can induce the release of reactive oxygen species in CHO cells [21] and that ROS generation is not homogeneous
on the cell surface but specific to the electropermeabilized region
[23]. An increase in oxidation occurred only when electric field
intensities were higher than electroporation threshold (enabling
entry of the Direct-blue dye inside the cell) [23]. That was consistent with our data obtained for nanosecond pulses delivered to
cells in the presence of Tyrode’s solution (Fig. 7) or for both
nano- and microsecond pulses when Tyrode’s was replaced with
a medium of lower conductivity (Fig. 10). Similarly, rapid
peroxidation-related luminescence was observed in leukemia cells
after application of millisecond pulse at 250 V/cm [83], which was
demonstrated to be at a higher value than required for electropermeabilization [84]. The relationship between membrane permeability and oxidation was examined in recent theoretical studies
[14]. It was demonstrated that permeability and conductance
increase by several orders of magnitude in peroxidized bilayers.
However, the conductance calculated in the study was too low to
account for the entire range of values obtained experimentally
[14]. Similar to our data, this result indicates that mechanisms
other than lipid oxidation should be examined to fully explain
the phenomenon of persistent electropermeabilization.

5. Conclusions
The relation between oxidation and electropermeabilization has
been a subject of high interest for decades. One particularly
intriguing question is whether oxidation-related leakiness of the
membrane is necessary for persistent permeabilization. In the present study, we validated a novel method for the detection of lipid
oxidation in the plasma membrane of living cells by combining
C11-BODIPY staining with TIRF microscopy. We used this method
to assess lipid peroxidation in CHO-K1 cells subjected to the action
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of pulsed electric fields. Anodically applied electric pulses, delivered on a conductive ITO surface from a single electrode elevated
above a cell, were sufficient to produce oxidation, but at electric
field intensities above cell electropermeabilization thresholds to
YO-PRO-1. Cathodically applied field produce no observable oxidation, but still produced permeabilization. The observed oxidation
was nearly completely reduced when the cells were placed in a
low conductive media suggesting that current was playing a key
role in inducing membrane oxidation. However, the uptake of
YO-PRO-1 was dramatically increased further decoupling lipid oxidation from electropermeabilization. This novel imaging method
and its application towards investigation of rapid lipid peroxidation have shown that oxidation is unlikely a foundational mechanism for lasting permeabilization of cell membranes following
pulse electric field exposure.
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